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The mechanotransduction machinery at work at
adherens junctions

B. Ladoux,ab W. J. Nelson,c J. Yanbd and R. M. Mège*a

The shaping of a multicellular body, and the maintenance and repair of adult tissues require fine-tuning

of cell adhesion responses and the transmission of mechanical load between the cell, its neighbors and

the underlying extracellular matrix. A growing field of research is focused on how single cells sense

mechanical properties of their micro-environment (extracellular matrix, other cells), and on how

mechanotransduction pathways affect cell shape, migration, survival as well as differentiation. Within

multicellular assemblies, the mechanical load imposed by the physical properties of the environment is

transmitted to neighboring cells. Force imbalance at cell–cell contacts induces essential morphogenetic

processes such as cell–cell junction remodeling, cell polarization and migration, cell extrusion and cell

intercalation. However, how cells respond and adapt to the mechanical properties of neighboring cells,

transmit forces, and transform mechanical signals into chemical signals remain open questions. A defining

feature of compact tissues is adhesion between cells at the specialized adherens junction (AJ) involving

the cadherin super-family of Ca2+-dependent cell–cell adhesion proteins (e.g., E-cadherin in epithelia).

Cadherins bind to the cytoplasmic protein b-catenin, which in turn binds to the filamentous (F)-actin

binding adaptor protein a-catenin, which can also recruit vinculin, making the mechanical connection

between cell–cell adhesion proteins and the contractile actomyosin cytoskeleton. The cadherin–catenin

adhesion complex is a key component of the AJ, and contributes to cell assembly stability and dynamic

cell movements. It has also emerged as the main route of propagation of forces within epithelial and non-

epithelial tissues. Here, we discuss recent molecular studies that point toward force-dependent

conformational changes in a-catenin that regulate protein interactions in the cadherin–catenin adhesion

complex, and show that a-catenin is the core mechanosensor that allows cells to locally sense, transduce

and adapt to environmental mechanical constrains.

Insight, innovation, integration
The cadherin–catenin adhesion complex is a key component of the intercellular adherens junction that contributes to epithelial and non-epithelial tissue
stability and dynamic cell movements. The cadherin adhesion complex bridges neighboring cells and the actin–myosin cytoskeleton, and thereby contributes
to mechanical coupling between cells which drives many morphogenesis events and tissue repair. Mechanotransduction at cadherin adhesions enables cells to
sense, signal, and respond to physical changes in the environment. We discuss in this review recent breakthroughs in understanding cellular and molecular
aspects of this mechanotransduction process that is centered on tension-dependent conformational switches in the F-actin binding protein a-catenin.

Introduction

As formulated a century ago by D’Arcy Thomson in his treatise
‘‘On Growth and Form’’, morphogenesis could be explained in

part by forces and motion – in other words by mechanics.1 Tissue-
scale mechanics are not only important in morphogenesis2–5 but
also in tissue repair6,7 and tumor progression.8,9 However ‘‘cell
and tissue mechanics’’ was neglected for decades and has only
recently been investigated in depth to develop a detailed
mechanistic understanding.

Substantial mechanical forces propagate across cells in tissues
through cell–cell junctions to drive large scale tissue remodelling
(epithelial bending), coordinated cell movements (wound healing),
apical cell constriction, tissue elongation, dorsal closure, cell
extrusion, cell intercalation and cell migration.10–12 Such cellular
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mechanics work with known biochemical signaling cascades
and genetic/epigenetic regulation of gene expression. Therefore,
it is important to understand: (1) how cells sense, transmit and
adapt to mechanical forces imposed by neighboring cells and
the extracellular matrix (ECM), and (2) how this mechanical
signal is transduced as a biochemical signal to elicit cellular
responses resulting from the integration of both biochemical
and mechanical pathways.

Tissue mechanics relies on cell–ECM interactions,13 the rheology
of each cell,14 their active motors,15,16 and on the transmission and
distribution of the mechanical stress between cells.2,17,18 Apart
from well-studied mechanotransduction that takes place at the
cell–ECM interface (reviewed in ref. 19 and 20), cells exert
mechanical forces on each other at sites of cell–cell adhesion
through cadherins.10,21 Indeed, it has been reported almost
10 years ago that cadherin-associated adhesions transmit
mechanical stress22 and adapt to the environment stiffness.23

Nevertheless, major questions were how cadherin adhesions
adapt to mechanical forces at molecular and cellular levels, and
how such adaptation contributes to force transmission, adaptive
cell–cell cohesion, and eventually to tissue-scale mechanics. We
report here on recent studies to understand the magnitude of
forces transmitted at cell–cell contacts, and how mechanical
stress regulates the architecture of cell–cell adhesion complexes
and the dynamics of cell–cell contacts. These data identify the
adaptor protein a-catenin as the central protein of the core
molecular mechanosensor at work at cell–cell contacts.

From cell–cell adhesion to
mechanotransduction

Although individual cells within a multicellular organism can be
considered as functional units by themselves, they must interact
with each other to maintain tissue cohesion. This is an ancestral
acquisition required for the emergence of multicellularity during
evolution.24,25 This cell adhesion principle was recognized at the
cellular level a century ago26 and at molecular level in the 1970’s
(reviewed in ref. 27) as not only causing cells to adhere to each
other, but also to exchange signals that regulate cell fate and
function. Although the existence of a feed-back loop encompassing
expression of specific genes coding for cell adhesion molecules
that in turn regulates master genes required for cell fate deter-
mination was proposed in the 1980’s,28 such hypothesis has only
been supported recently by experimental data for cell–ECM
adhesion,29 and likely for cell–cell adhesion although there is
less direct evidence. Interestingly, the main signal downstream
of adhesion complexes seems to be the internal mechanical
tension imposed on cells by ECM stiffness. This poses the
central problem of how mechanical forces are sensed and
transmitted from the outside to the inside of cells.30,31

On short time scales (typically 10–30 min), cells respond to
mechanical force through changes in internal tension imposed by
non-muscle myosin (myosin II) on the F-actin network.32 Anchoring
of the actomyosin cytoskeleton to adhesion sites is mediated by
adaptor proteins that link F-actin to transmembrane cell adhesion

receptors, thereby allowing mechanical coupling between the
intracellular and extracellular compartments. This dynamic
coupling, which is well described for integrin-mediated cell–ECM
adhesions, allows cells to sense, signal, and respond to physical
changes in the environment.13,20,33 The whole process not only
allows pulling forces applied to and by cells to equilibrate, but also
involves the transduction of the mechanical signal into intra-
cellular biochemical signals that cause actomyosin cytoskeleton
re-organization and adhesion complexes recruitment, thereby
directing tension-dependent growth of these adhesions.34–36

Mechanotransduction pathways associated with integrin-based
cell–ECM adhesion have been extensively studied over the past
20 years and reviewed elsewhere.19,20 Thus, we will focus here
on mechanisms of force sensing and mechanical signal trans-
duction at sites of cell–cell adhesion.

The architecture of the cadherin-based
intercellular adhesions

The main cell adhesion receptors forming intercellular adhesive
structures in all non-circulating cells belong to the cadherin super-
family.37 Desmosomal cadherins, which will not be discussed
here, link the desmosomes to non-contractile intermediate
filaments in mammalian epithelial tissues.38 Classical type I
cadherins are more ubiquitously expressed in epithelial
(E-cadherin, P-cadherin), endothelial (VE-cadherin) and all
other non-epithelial cells (N-cadherin) where they link the
adherens-type intercellular junction (AJ) to actin filaments.37,39

Regardless of the family member expressed in each tissue,
cadherin intercellular junctions differ in their ultrastructural
organization, stability, and the topology and organization of the
associated F-actin. These differences likely endow these junc-
tions with different mechanical and mechanotransduction
properties. The zonula adherens is associated with a circum-
ferential belt of actomyosin filaments as part of the apical
junction complex around polarized cells of non-stratified,
so-called simple layer, epithelia in Drosophila and mammals.25,40,41

In other epithelia and endothelial cells, a less structured linear AJ
is associated with actin filaments tangential to the membrane.42

At early stages of epithelial cell–cell contact, and in fibroblastic
and myoblastic cells, even less organized focal AJs are formed of
puncta of cadherins linked to actin filaments perpendicular to
the contacting membranes.39,42–44 A similar topology has been
described for cadherin adhesions formed by cells artificially
adhering to cadherin-coated surfaces.45,46 The transition from
cadherin adhesions (or focal AJs) to a linear AJ is observed
during the maturation of junctions of stratified epithelia.47

A reversal in the transition in junction organization may occur
during dissociation of endothelial intercellular junctions under
specific conditions.46

Cardiac myocytes, which are subjected to repeated mechanical
load due to cyclic contraction/relaxation, are mechanically coupled
by specific cadherin-based junctions termed fascia adherens which
combine proteins of AJs and desmosomes.48 At the opposite end
of the junctional organization spectrum, migrating neuronal
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precursors49,50 and their growth cones establish poorly struc-
tured and unstable cadherin adhesions that are loosely asso-
ciated with retrograde movements of the F-actin meshwork.51

Nevertheless, mechanical coupling of N-cadherin to acto-myosin
is required for cell migration.52

All of these intercellular junctions share a core molecular
composition of a cadherin–catenin complex that binds actin
filaments maintained under tension by myosin II. Differences
in maturation, stability and mechanical strength of these
junctions may result from the extent and topology of association
of cadherin–catenin complexes to F-actin that are controlled by
mechanotransduction pathways discussed below.

Molecular organization of the
cadherin–catenin complex and its
association with F-actin

Classical cadherins found at the AJ are Ca2+-dependent cell–cell
adhesion molecules composed of an extracellular domain with
five cadherin repeats, a transmembrane domain and a C-terminal
cytoplasmic domain.10 The extracellular domain is responsible for
homophilic interaction with cadherin expressed at the surface of
neighboring cells. While interacting in trans, the cadherin extra-
cellular domain is thought to cluster by cis-interaction to form
oligomeric arrays bridging the plasma membranes of the two
opposing cells.53,54 Extracellular domain interactions trigger inter-
actions of proteins associated with the conserved cytoplasm
C-terminal domain with actin filaments.39,55 During cadherin
synthesis in the endoplasmic reticulum (ER), the arm family
proteins p120-catenin and b-catenin (alternatively g-catenin in
some cell types) assemble onto the cytoplasmic domain. While
p120-catenin has an essential function in regulating the stability
of cadherin–catenin complexes at the plasma membrane,56

b-catenin interacts with the actin binding protein a-catenin.
The integrity of the cadherin–catenin complex as well as its
correct association with the actin cytoskeleton was recognized
very early on as a prerequisite for cell–cell adhesion.57 It has
also been known for some time that the a-catenin–b-catenin
heterodimer binds in a stoichiometric complex to cadherins, and
to actin filaments.58 Subsequent biochemical studies challenged
the direct linkage between the cadherin–catenin complex and
F-actin.59 However, recent data obtained by manipulating single
molecules under force reconciled these opposite views by

considering the role of force as a central element required for
binding the cadherin–catenin complex to F-actin.60,61

Cadherin adhesions transmit and adapt
locally to forces

The first direct indication of mechanical coupling of cadherin
to actin came from the observation that N-cadherin-coated
beads attached to the cell surface were dragged laterally along
the plasma membrane.55 Subsequently, direct measurement of
forces applied on cadherin-coated PDMS arrays revealed that
cells apply, through cadherin adhesions, tension in the range of
4–5 nN mm�2,22,23 similar to integrin-dependent forces applied
to the ECM (5.5 nN mm�2).34 Further determination of the force
applied through N-cadherin and E-cadherin as a function of the
compliance of the adhesive surface (Table 1) demonstrated that
stress increased with stiffness at low stiffness comparable to
those of soft tissues, and reached a plateau above 90 kPa.23,62–64

Together, these data demonstrate that cadherin adhesions both
transmit and adapt to mechanical load.

These results implied that cadherin–catenin adhesion com-
plexes were under direct tension. To test this, Borghi et al. used
a E-cadherin FRET-based molecular tension sensor, in which
the FRET signal is in inverted relation with the unfolding of
a well described peptide sequence flanked by the two fluores-
cent proteins and inserted within the cytoplasmic domain of
E-cadherin. The results demonstrated that indeed the cyto-
plasmic domain of E-cadherin in epithelial cells is under
tension that required binding of E-cadherin to catenins, as well
as actomyosin contractile activity.65 These forces were in the
order of 2–3 pN at resting cell–cell contacts, and at contact-free
membranes, and were further increased by B1 pN at cell–cell
contacts by artificially stretching cell doublets. More recently,
Schwartz and collaborators using a similar approach showed
that VE-cadherin is under tension at the junctions between
endothelial cells and that this tension was modulated by fluid
shear stress.66 Altogether these findings point to a role of
cadherins in transducing mechanical forces. Furthermore, they
show that the degree of tension per molecule or the number of
molecules under tension at cell–cell contacts increases with
tension. Using a similar approach in Drosophila embryos, Cai et al.
showed that during border cell migration in the germarium,
E-cadherin tension is asymmetrically distributed within the
border cell cluster with more tension at the front of the

Table 1 Stress experimentally measured at cadherin adhesions. Measurements have been obtained for cells spread on deformable cadherin-coated
substrates of controlled stiffness, either micropillars22,23 or polyacrymamide gels.62–64 As a matter of comparison, 1 kPa is equivalent to lung tissue
stiffness,62 and stiffness of renal tissue ranges from 4.3 to 6.8 kPa from the cortex to the renal sinus109

Stiffness of the cadherin surface

Cadherin (cell type) Ref.1 kPa 8.5–9 kPa 34 kPa 95 kPa 120 kPa

Stress developed at
cadherin adhesions

— 150 pN mm�2 1300 pN mm�2 4 nN mm�2 4 nN mm�2 N-cad (C2C12) 22 and 23
o10 pN mm�2 — 500 pN mm�2 — — N-cad (MDA-MB-435) 64

43 pN mm�2 — 160 pN mm�2 — — E-cad (MDCK, DLD) 62
o10 pN mm�2 — 550 pN mm�2 — — E-cad (MDCK) 64
— 100 pN mm�2 — — — E-cad (MDCK) 63
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migrating cluster of cells.67 Taken together, these cellular data
demonstrate that the cadherin–catenin adhesion complex is
under tension, and that force transmitted through cadherin-
mediated contacts is dependent on local forces applied by/on
the cell–cell contact.

General principles of molecular
mechanosensing

These recent data indicate that, like cell–ECM adhesions, cell–
cell adhesions are responsible for transmission of mechanical
forces between neighboring cells. The molecular mechanism
underlying cell–ECM mechanosensing processes is partially
understood and remains a working example for studying mechano-
sensing at cell–cell contacts. Although cell–ECM mechanosensing
relies on global adaptation of the actomyosin viscoelastic net-
works,68 integrin-associated cytoplasmic proteins also undergo
conformational changes in response to actomyosin-induced
forces including p130Cas 69 and talin,70,71 which may then initiate
force-dependent building of adaptor complexes linking cell–
ECM adhesions to tension-generating actomyosin network. At
the single molecule level, these events rely on a very simple
principle built from general thermodynamic rules that dictate
the folding of proteins and other macromolecules at their
minimum of energy in a given environment. As reviewed by
Pruitt et al., changes in catalytic activity or affinity for binding
partners that are dictated by force-induced alteration in protein
conformation result from the addition in their folding environ-
ment of an extra form of energy – the mechanical work generated
by myosin (in the range of 2 pN per single molecule).72 Similar
‘‘thermodynamic’’ rules will apply at cell–cell contacts to regulate
force-dependent conformational changes of single molecules
that will then determine their interaction with other partners
in the cadherin–catenin complex. As for cell–ECM adhesions,73

these new interactions, some of which could be reversible, and
others not, will modify the association/dissociation equilibrium
within a macro-molecular complex thereby changing the response
to further force application. By such iterative modifications, the
whole complex and its association with actin filaments would
drastically evolve with traction forces.

Molecular mechanisms of
mechanosensing at cell–cell adhesions

At present, the mechanosensitive pathways at cell–cell contacts
are too complex to be studied directly in cellulo. Thus, in vitro
systems have been used to identify pathways with purified
proteins, including single-molecule force-clamp spectroscopy
which has led to a major breakthrough in the understanding of
the force response of cadherin–catenin complexes.60,61 These
studies have been important in reconciling previous biochemical
studies that did not find binding of the reconstituted cadherin–
b-catenin–a-catenin complex to F-actin in the absence of force,59

with studies of cells and tissues that indicated a direct functional
linkage between the cadherin–b-catenin–a-catenin complex and

actin filaments.65 On the other hand, cellular studies have
revealed that the recruitment of vinculin observed during
cell–cell contact remodeling is both myosin II and a-catenin-
dependent,46,74–76 while this protein fails to efficiently associate
to its partner a-catenin in solution.74

These apparent differences between biochemical and cellular
approaches could be reconciled soon. Indeed the results of the
two recent single-molecule studies independently reporting on
the force-dependent binding of a-catenin to F-actin61 and the
force-dependent unfolding of a-catenin and its binding to
vinculin60 suggest that a-catenin may undergo force-dependent
conformational changes that regulate binding of the minimal
cadherin–catenin complex to an actin filament under force. An
actin filament was suspended between 2 optical traps above a
complex of a-catenin–b-catenin–cytoplasmic domain of E-cadherin
bound to a platform. The platform was moved back and forth to
induce force-dependent interactions between the cadherin–
catenin complex and the actin filament. Force stabilized the
formation of cadherin–catenin–F-actin bond that could not
form in solution in the absence of force.59 Bond dissociation
kinetics could be explained by a 2-step catch bond in which
force shifted the a-catenin–F-actin bond from a weak, to a
strongly bound state, likely as the result of a conformational
conversion of the F-actin binding domain of the molecule. The
force threshold (4.5 pN) of this switch was in the range of forces
developed by a few myosin II motors (2–3 pN,72). This tension-
dependent intramolecular transition may stabilize the associa-
tion of the cadherin adhesion complex to actin filaments
(Fig. 1A), and thereby account for the mechanosensing properties
of the cadherin–catenin adhesion complex without participation
of a biochemical (activating) signaling pathway.

A long postulated mechanism for cell–cell adhesion
mechanosensing is the tension-dependent recruitment of the
actin-binding protein, vinculin, which was recognized early as a
marker of the mature AJ.77 More recently, its recruitment at
cell–cell contact has been reported to be dependent on myosin
II activity.46,74 Although vinculin may bind b-catenin,78 its
binding to a central domain of a-catenin named MI or VBD
(vinculin binding domain) has been well demonstrated,77,79

while two adjacent domains, MII and MIII, have been reported
to inhibit vinculin binding to the VBD domain.74,80 In addition
vinculin is recruited to cell–cell contacts upon cell stretching,
and vinculin as well as a-catenin are required for strengthening
of cell–cell contacts over time.76 Together these data supported
the hypothesis that vinculin is recruited in a force-dependent
manner to the cadherin–catenin complex upon actomyosin
force-dependent unfolding of the a-catenin central domain;74

this process would be similar to the binding of vinculin to the
talin rod domain upon tension-dependent unfolding,70,71 which
is thought to be central in cell–ECM adhesion mechanosensing.

Single-molecule force-clamp spectroscopy experiments using
magnetic tweezers performed on the central domain of a-catenin
have provided direct evidence of force-dependent unfolding of
a-catenin and its role in vinculin–a-catenin binding.60 A single
a-catenin molecule stretched with magnetic tweezers unfolded
in three characteristic steps including a reversible step at B5 pN.
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This conformational change triggered vinculin head binding to
a-catenin in a 1 : 1 molar ratio with nanomolar affinity.60 This
stretch-induced conformational changes in a-catenin caused
unfolding of the VBD domain, by destabilizing the interaction

between the helix bundle MI containing the vinculin binding
a-helix and the two inhibitory helix bundles constituting the
domains MII and MIII,81 resulting in a 1000-fold increase in the
affinity for vinculin (Fig. 1B). This resulted in very stable binding
of a-catenin and vinculin head even after force was released, and
inhibited a-catenin returning to its closed conformation. Interest-
ingly, the force-dependent binding of vinculin head to a-catenin
was biphasic, and was optimized in a force range of 5–10 pN. The
binding was strongly inhibited at forces o5 pN at which MI exists
in a stable autoinhibitory bundle of a-helices, or 430 pN at which
the a-helix conformation of the vinculin binding site bound to
a vinculin head domain was destabilized. Thus, as in the case of
a-catenin–F-actin binding, vinculin binding to a-catenin was
dependent on a mechanical signal that caused changes in the
conformational equilibrium of a-catenin with no involvement of a
biochemical signaling pathway.

These results provided the first direct evidence for how the
cadherin–catenin complex transduces mechanical forces into a
long lasting biochemical signal through two intramolecular
tension-dependent reconfigurations of a-catenin folding
(Fig. 1A). Further analysis at the single molecule level will test
a more integrated model in which the two transitions could
be cooperative and vinculin binding therefore could stabilize
F-actin binding and vice versa. Another question is the exact
role of vinculin in the cadherin complex: does it just stabilize a
conformation of a-catenin through its head binding, or does it
provide an additional site for the complex to bind F-actin?
Ongoing experiments suggest that the binding a-catenin to
vinculin is of sufficient affinity to force vinculin head-to-tail
dissociation (Yao et al., unpublished data). Further studies will
be required to determine whether this binding increases binding
of vinculin tail for F-actin (so-called vinculin activation82,83).

Mechanosensing beyond single
a-catenin molecule unfolding

The two intramolecular transitions in a-catenin described
above are likely to have additional consequences, and very
likely are not the only molecular reconfigurations to take place
in the cadherin–catenin–F-actin complex under mechanical
load. a-Catenin binds other actin binding proteins, including
ZO-1,84,85 afadin,86 a-actinin87 and formin-1,88 through sites
distributed in the central part of the molecule, and to EPLIN89

at the C-terminal. It will be interesting in future studies to
determine whether the affinity of a-catenin for these proteins is
regulated by the force-dependent unfolding of the molecule.
Many of these interactions may direct the recruitment of more
actin filaments or bundles of filaments to the cadherin complex,
thereby accounting for the increased local accumulation of actin
observed during cell contact maturation and strengthening. Addi-
tional force-dependent conformational changes in the cadherin–
catenin complex may complete this molecular mechanosensing
machinery. b-Catenin single molecule force spectroscopy has
been performed using AFM at a pulling rate of 400 nm s�1, but
failed to reveal near-equilibrium transitions at low force and only

Fig. 1 Schematics integrating the two tension-dependent conforma-
tional changes in a-catenin single molecules elicited at B5 pN. (A) Two
force-dependent reversible transitions in a-catenin conformation have
been described recently at the single molecule level: one affects the
unfolding of the central domain allowing the binding of vinculin,60 the
other affects the binding of the C-terminus domain of the molecule to
F-actin.61 The typical force needed for these transitions is around B5 pN.
In the cells, this force would be generated by a few myosin II motors
pulling via F-actin on a-catenin tethers held under tension by their
association with the cadherin–catenins complex in homophilic interaction
with cadherins present at the surface of a neighboring cell. The two
transitions have been characterized independently with a partial complex,
and further studies will be required to determine whether vinculin head
binding, blocking a-catenin in its open conformation,60 also stabilizes the
F-actin binding domain of the molecule in its (F)-actin high affinity
conformation.61 Whether this transition activates vinculin by head to tail
dissociation and provides a second (F)-actin binding event (shaded fila-
ment) will require further investigation. (B) a-Catenin has a compact
structure comprising four a-helix bundle domains: DD (dimerization and
b-catenin binding domain), MI to MIII (modulation domains I to III) and
FABD (F-actin binding domain). The MI domain is the vinculin binding
domain (VDB); MII and MIII are the auto-inhibitory domains. Under zero
force MI, MII and MIII domain form a tightly packed l-shape arrangement
of helix bundles blocking access to the vinculin binding site. Upon
application of forces 45 pN, MI, MII and MIII domain interactions are lost
and the MI domain reconfigurates to expose the vinculin binding a helix
allowing vinculin head binding.
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unfolding at forces 450 pN were observed,90 although this does
not rule-out a physiological mechanosensor role of this protein.
Finally, the cadherin extracellular domain has been described as
forming catch bonds during homophilic trans interactions with a
typical transition critical force of B30 pN,91 which is well above
the B5 pN transition of a-catenin intramolecular transitions.

Dynamic analysis of a-catenin conformational changes in
cellulo has been reported using a FRET-based sensor.92 How-
ever, this approach could not relate molecular unfolding events
with the measurement of forces developed locally through the
cell–cell contact. This study revealed that vinculin recruitment
at cell–cell contacts was delayed compare to a-catenin unfold-
ing. Although a-catenin unfolding is central in force sensing,
the delayed recruitment of vinculin may not be surprising since
there is no evidence so far indicating that the vinculin-bound,
open conformation, of a-catenin is the stable configuration
in mature contacts. The high affinity binding of unfolded
a-catenin to vinculin could be a transient state, needed for
sequential recruitment of additional actin binding proteins as
those described above, and local actomyosin organization and
dynamics. Activated vinculin may itself act as an F-actin bund-
ling proteins93 or an anchor for other proteins that support
junctional actin assembly such as Mena/VASP,94 which would
stimulate the recruitment of F-actin at adhesion sites. The
co-recruitment of additional cadherin–catenin complexes
could result from a positive feedback action of this F-actin
re-organization.23,39

Together, these molecular processes would allow cell–cell
contact architecture to evolve according to forces exchanged
locally between two neighboring cells. Only with the develop-
ment of experimental approaches that measure simultaneously
forces developed at cell–cell contacts, molecular unfolding and
single protein recruitment will we be able to determine the time
sequence of the tension-dependent elaboration of the cadherin–
catenin–F-actin complex. The limited knowledge we have today on
these sequential events may explain the apparent controversy raised
by the induced recruitment of vinculin both during cell–cell contact
maturation46,74,76 and cell–cell contact dissociation.42 Further
studies will also be needed to address additional interesting
questions such as the influence on these processes of the
cooperative adhesive interactions of cadherin ectodomains,52

the cooperative binding of a-catenin to F-actin,59 the local
regulation of actin dynamics by a-catenin,109 the regulation of
clusters size by F-actin.42,108

Mechanics of cell–cell contact
rearrangement and tissue shaping

The sequential intermolecular interactions initiated by
a-catenin unfolding that may tightly adjust the recruitment and
association to F-actin with cadherin–catenin complexes, may thus
locally regulate the transmission of forces that drive morphogenetic
processes (reviewed in ref. 17). A well-documented example of such
a process is embryonic germ band extension in Drosophila larvae,
during which the early epithelium is elongated by cell intercalation.

This tissue elongation requires a planar polarized remodeling of
AJs under the control of myosin II-based cell contraction.95

a-Catenin has been shown to be essential in this AJ remodeling.96

Recently, Lenne et al., developed a method to deform the cell–cell
interfaces and measure tension at the cell junctions using optical
tweezers.97 They could show that a tension in the 100 pN range,
which could be powered by a few tens of molecular motors, is
sufficient to produce significant deformation of the cell–cell
contact. Whether an asymmetric modification of the linkage of
a few E-cadherin complexes to actomyosin via a-catenin on one
side of AJ would create enough asymmetry in myosin-II powered
tension to induce interface deformation and cell shape fluctuation
has not been addressed yet.

Morphogenetic processes in vertebrates also rely on the
tension-dependent reorganization of cell–cell contacts. Although,
data on force transmission at intercellular contacts in vivo are
not available, they are accumulating on mammalian cells in
culture.98–104 Intercellular junctions are permanently displaced
to adapt their position in order to minimize intracellular forces
imposed by cell–ECM interactions and intercellular forces.99

Transmission of forces through cell–cell junctions is a key
regulator of coordinated movements of epithelial tissues
in vitro103,105,106 and large scale coordinated movements of
epithelial cells is strongly altered in cells in which the cad-
herin–catenin complex and AJ organization are disrupted, and
in cancerous cell types. However, a direct measurement of such
forces as well as of the stress components is particularly
challenging. On average, the stress experienced by cell–cell
junctions (1 nN mm�2)98–102 is in the range of the stress
measures through cadherin adhesions (Table 1), with some
unexplained discrepancies for evaluations made on the softer
substrates. On the other hand, recent sub-resolution localiza-
tion studies have provided quite precise estimation of the
distribution and number of cadherin–catenin complexes popu-
lating an AJ,44 fitting well the estimation made in Drosophila.107

These estimates can be used to compare forces measured at
intercellular contacts with those sensed by individual proteins.
According to super-resolution quantitative microscopy,44 an AJ
is composed of broadly size-dispersed nanoclusters containing less
than ten cadherin molecules (median = 6 molecules). Within these
nanoclusters, a force of 30 pN would be sufficient to unfold
cadherin-bound a-catenin and link the cluster to F-actin. However,
these clusters are interspaced from each other and the overall
cadherin density in an AJ fell to 2000 molecules per mm2 at
maximum. The tension needed to unfold the corresponding
a-catenin would thus be in the range of 10 nN mm�2, which is
one order of magnitude above the tension measured at cell–cell
contacts.98–102 The lower stress value measured at cell–cell contacts
could be due to the partial engagement of the population of
cadherin–catenin complexes in adhesive interactions, an hypothesis
supported by FRAP data.59 Nevertheless, given these uncertainties,
there is good agreement between the range of forces experienced by
intercellular contacts and the forces required to trigger tension-
dependent remodeling of individual cadherin–catenin–F-actin links.

However, in the future a more detailed inspection of the
orientation of the forces applied to the cell–cell contacts, as well
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as the consideration of the topology of actin filament orienta-
tion will be required (Fig. 2). Indeed the AJ is subjected to
various mechanical forces that can be due to tensile, compres-
sive or even shear forces, in particular during collective cell
movements.108 As such, the linkages between adherent cells,
particularly cadherin-related cell–cell junctions, contribute to
friction forces between neighboring cells as they adhere and
move relatively to each other. Moreover, as discussed above,
depending on the type of AJs formed in the different types of
cells and/or of the maturation of these contacts, the F-actin is
clearly differently orientated compared to the orientation of the
adhesions (either parallel to adhesions in zonula adherens or
perpendicular in focal AJs). This orientation as well as the type
of forces considered would differentially influence the response
of cadherin–catenin adhesion complexes. Thus, there is room
for strong modulation of the mechano-response of the cadherin–
catenin–F-actin link by small changes in mechanical forces as
well as for a differential regulation of this response in function of
the cell-type specific architecture of AJs.

In conclusion, the reversible unfolding of the mechanical switch
protein a-catenin upon physiologically-relevant forces is likely to be
central in the adaptation of cell–cell contacts to mechanical force
distribution in cell layers. Coupled to the force generating acto-
myosin system, this mechanotransduction machinery is a key
player in morphogenenic processes. Further progress in its
characterization at the molecular, cellular and tissue levels,
and in living model organisms, will bring new information on
the control of cell and tissue mechanics, and on its interplay
with biochemical and genetic regulations required for proper
morphogenesis and its evolution along the animal kingdom.
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